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Abstract

Understanding the structural and functional development of human-induced pluripotent
stem-cell-derived cardiomyocytes is essential to engineering cardiac tissue that enables
pharmaceutical testing, modeling diseases, and designing therapies. Here, we used a
method not commonly applied to biological materials, small angle X-ray scattering to
characterize the structural development of human induced pluripotent stem-cell-derived
cardiomyocytes within 3D engineered tissues during their preliminary stages of
maturation. An innovative X-ray scattering experimental setup enabled the visualization
of a systematic variation in the cardiomyocyte myofilament spacing with maturation time.
The myofilament lattice spacing monotonically decreased as the tissue matured from its
initial post-seeding state over the span of ten days. Visualization of the spacing at a grid
of positions in the tissue provides a new approach to characterizing the maturation and
organization of cardiomyocyte myofilaments and has the potential to help elucidate
mechanisms of pathophysiology, disease progression, thereby stimulating new biological
hypotheses in stem cell engineering.



Introduction

The leading cause of death in the world is cardiovascular disease'. Research into
methods for characterizing changes in cardiomyocytes during cardiac repair,
regeneration, and disease progression are important for better understanding these
processes. Given the importance of the sarcomeric organization of cardiac tissue,
methods for structural characterization is particularly important to this effort. Scientists
and engineers have developed optical methods®#, electron microscopy (EM)
techniques®®®, and other approaches’® to characterize sarcomeric organization, but
tools for nanoscale measurement of intact tissue are limited to information from at most
a few tens of microns from the surface, resulting in incomplete characterization of the
subcellular structure.

Over the last decade, the use of human-induced pluripotent stem-cell-derived
cardiomyocytes (hiPSC-CMs) as a model for studying the development of cell structure
and function has advanced rapidly, including approaches to fabricate three-dimensional
(3D) multicellular cardiac tissues from these cells, leading to improvements in cell growth,
cell organization, and metrics of structural and functional maturation'®''(cell
morphology?, contractility'3'4, and organization of the myofibrils'?). To improve methods
of cultivation, tissue engineers have studied cardiac functions including contractility as
well as cell organization as a result of confounding factors including substrate and tissue
platform designs'®'6. Despite such advances, human-induced pluripotent stem-cell-
derived cardiomyocytes (hiPSC-CMs) are not yet capable of fully mimicking the structure
and function of in vivo (adult) human heart tissue. At present, hiPSC-CMs generally
produce beat forces tenfold smaller than adult human tissue'*. The anisotropy of
engineered cardiac tissues also shows a lower level of organization than in human heart
samples (lower stiffness®, lower contractile force'#.) This is most likely due in part to
disorganization of the myo-actin filaments, as striations and alignment of myo-actin
filaments have been shown to correlate with increased contractile force'”.

There are a limited number of approaches to characterizing the nanostructure of
cardiomyocytes. Optical microscopy is a core technology that has the advantages of
being relatively easy to use and inexpensive, and is capable of resolution on the scale of
0.1 um'8, It is ideal for the examination of cell matrices (1-100 pm), although it offers only
a limited ability to resolve subcellular structures. Electron microscopy has a resolution
(0.5 nm) superior to that of a light microscope. While ideal for the visualization of
nanometer-scale cellular structures, EM has a depth of penetration of 1 um, allowing only
surface visualization of a multicellular complex'®. To achieve 3D analysis with EM,
samples must be fabricated using cryo-immobilization and desiccation, followed by slicing
out small regions with a focused ion beam'®. The sample is then measured in high
vacuum. Bioimaging with EM has led to many discoveries such as the interacting-heads
motif in the super-relaxed state?®. Nonetheless, EM is a destructive imaging technique
requiring evacuation of volatile materials essential to life and so cannot be used to image
live tissue.

Compared to EM, small angle X-ray scattering (SAXS) has fewer disadvantages in
studying biological tissue if radiation damage is managed?'. This can be done with a
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combination of exposure time, microfocusing, beam intensity, and beam energy. The X-
rays used in SAXS penetrate an entire cell, providing information from all of the material
intercepted by the beam. SAXS is capable of a higher collection rate than EM and can
detect structural features in the range of 5-50 nm depending on the configuration. The
spatial scale of SAXS measurements, paired with its compatibility with biological samples,
enables SAXS to be unmatched in the measurement of the myofilament lattice spacing
of cardiomyocytes (commonly found?'-22 to be between 30 and 50nm.)

Information about the nanostructure of cardiomyocytes has accumulated from SAXS
studies performed on cardiac tissue from humans, rats, and zebrafish®23. The
capabilities of SAXS for the characterization of the dynamics of the nanostructure of live
cardiomyocytes were showcased by Brunello et al.?3. There, the structure of cardiac
tissue was studied to determine the crossbridge density of the myosin heads and the
conformation of the myosin heads during contraction. The use of striated,
demembranated, mature rodent tissue helped to enable a high signal-to-noise ratio for
this measurement. The findings suggest that an integrative approach that incorporates
subcellular insights can lead to more precise control over tissue development.

Engineered cardiac tissues do not exhibit the degree of structural maturity seen in native
tissue, resulting in a lower signal-to-noise ratio in a SAXS measurement. While in recent
years there has been an increased interest in the characterization of the phenotypes of
hiPSC-CMs?425_ there is still a lack of information regarding the nanoscale structure of
these cardiomyocytes. Javor et. al. (2021) demonstrated the first SAXS measurement in
engineered cardiac microtissues, reporting that the myofilament lattice in hiPSC-CMs is
a loosely-ordered structural system. The spacing of the myofilament lattice at day 7 post-
seeding in the cardiomyocytes was found?! to be approximately 44 nm. This is distinct
from the results of measurements of native adult heart tissue which found?? the spacing
to average 39 nm, indicating larger spacing between filaments in CMTs which may
decrease the probability of myosin binding required for strong contraction. The resolution
available in the SAXS technique, along with advances in background suppression,
subtraction, and spatial averaging, make SAXS a particularly effective method to study
the myofilament structure of CMTs.

Having a reliable method for measuring the structure of the cardiomyocyte may provide
insights on the structural variability in addition to external factors that affect tissue growth
and organization. Characterizing the nanostructure of immature, multicellular systems
can provide critical information to improve cultivation methods and bridge the gap
between bioengineered and natural heart tissues. The present study capitalizes on the
semi-crystalline arrangement of the myofilament lattice to detect structural changes in
hiPSC-CMs using SAXS. We present an optimized batch-processing experimental
approach employing a high throughput 3D tissue platform.
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Figure 1: (a) d-spacing of myofilament vs maturation time for group 1. Visual of SAXS
measurements taken in group 1. (b) d-spacing of myofilament vs maturation time for
group 2. Visual of SAXS measurements taken in group 2. (¢) D-spacing of myofilament
vs maturation time for group 3 (HCM). A linear regression is shown. Each data point in
the graphs above is representative of an entire tissue.

The spacing of the myofilament lattice in newly seeded hiPSC-CMs decreases over the
first ten days of maturation [Figure 1]. Wild-type tissue matured to days 3-4 have a mean
d-spacing [see Materials and Methods] of 44 nm (group 1) and 48 nm (group 2). The
mean myofilament d-spacing for Day 7 samples is in the 42-46 nm range (group 1&2), a
value consistent with previous studies in myofilament spacing of hiPSC-CMs?'. Tissue
matured to days 9-10 have a mean myofilament spacing of 39 nm (group 1) and 44 nm
(group 2). The myofilament lattice spacing is found to significantly decrease with
maturation time (p < 0.05) for all groups.

To characterize possible structural differences between wild type tissue and mutated
tissue, measurements were performed on an isolated batch of engineered tissue (group
3) affected by the R403Q+ gene (hypertrophic cardiomyopathic tissue (HCM)) using the
single column method. Graphing the measurements results in a similar finding of
decreased spacing with increased maturation time (p < 0.05.)

Two methods of data acquisition are tested: method one is three measurements down a
column in the center of wild type tissue (group 1), and method two is a 3x3 grid also
centered on wild type tissue (group 2) covering between 10-20% of the tissues’ cross-
sectional area. The SAXS measurements are averaged to provide one data point per
sample, representative of an entire tissue and between 150 (method one) to 450 cells?!
(method two). The average myofilament spacing varied between experiments; however,
two-way ANOVA (Between Groups vs Maturation Time) results in a p value of 0.92,
showing statistical insignificance. The trend of decreasing myofilament spacing with
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maturation time is consistent across experiments. By measuring the periodic spacing of
the myosin filament lattice in multiple regions of the same cardiac microtissue, averaged
values are obtained for a given tissue that minimizes inconsistencies such as tissue
deformation, intensity (SAXS beam imperfectly aligned with tissue), and general sample-
to-sample variance in biological materials. After averaging, the variance of the d-spacing
between samples for group 1 is 1.86 nm using method one, while for group 2 it is 0.71
nanometers using method one. Applying method two to group 2, the intersample variation
is decreased to 0.28 nm. The reduction in the intersample variation due to averaging
across a 3x3 grid allows robust conclusions even when the intersample variation is large.

Figure 2 presents a series of interpolated two-dimensional (2D) colormaps of 3D tissue
showing the measured myofilament spacing of samples from group 2 based on the
position of the X-ray beam on the tissue. By utilizing colormaps, it is possible to illustrate
the structural arrangement of the myofilament, providing a representation of the
distribution and density of these protein filaments within cardiac tissue.

It was hypothesized that the d-spacing would be generally lower at the extrema of the
tissue where there is the most tensile stress on the cells due to the connection of the
tissue to the polydimethylsiloxane (PDMS) pillars?® (further detail in Supplementary
Material). A negative gradient in the d-spacing is observed in the y-direction indicating
some anisotropic growth.

Day 4 Day 7 Day 10

Figure 2: (a) Interpolated colormaps of the myofilament spacing in the tissue. Down
column is maturation time of tissue. Maps without color bars are repeat measurements.
(b) visual of location of SAXS measurements on tissue.



Discussion

The spacing of the myofilament lattice in bio-engineered hiPSC-CMs clearly changes over
the first ten days of maturation after seeding. The myofilament spacing of wild-type tissue
in group 2, for example, is shown to decrease with time, such that tissue matured for three
days shows an average d-spacing of 48 nm and after seven days (i.e. Day 10) a
decreased average d-spacing of 44 nm (significant at p < 0.05.) A lower range of d-
spacing for tissue matured to days 3-4 is suggestive of insufficient time for development
of cellular organization. Nevertheless, after ten days of maturation, the tissue measured
in this study had an average spacing of 43 nm. Adult cardiac muscle has previously been
reported®® to be 39 nm. This suggests structural differences between matured adult
cardiac tissue and maturing bioengineered hiPSC-CMs.

Higher d-spacing is observed in the center of the tissue matured to Day 4 as compared
to the periphery, a variation not observed in tissue matured past Day 7. There is a
possibility that environmental factors can affect the myofilament d-spacing in the most
immature tissue; if so, then this effect will be most observable at the tissue’s extrema.
The coordinated contraction of actomyosin fibers, coupled with the application of
mechanical stress, synergistically contribute to the intricate organization and formation of
sarcomeres?’. The lack of variation in matured tissue implies a primacy of time-dependent
cellular organization over external factors. Furthermore, a greater degree of horizontal
conformity in the tissue is observed, suggestive of a higher level of ordering (further detail
in Supplementary Material). This mapping method (3x3 grid) can be used in future studies
to test the effect of mechanical stress on the d-spacing as well as to test for anisotropy of
tissue that is cultivated in vitro, as described in the methods section.

Definitive conclusions cannot be drawn from the 2D colormaps of 3D tissue due to the
small sample size. The results, however, qualitatively show that there is value in collecting
X-ray scattering data at a dense grid of positions in the cardiac myofilament tissue (CMTSs)
in order to observe possible spatial dependence of the structure. These 2D colormaps
demonstrate that, as the tissue matures, the myofilament spacing shows more signs of
horizontal uniformity. This suggests higher cellular organization in more matured tissue.

Many factors affect cellular structure within biological materials, but not all are currently
understood and well-characterized. Since unknown confounding factors cannot be
controlled effectively, this can lead to large sample-to-sample variance in structural
measurements of tissue. However, while the uncertainty may be large for measurements
at a specific position in a tissue, the combined measurements suggest a generalizable
structure with little sample to sample variance. The grid-style measurement employed in
this study is the first map of the myofilament spacing in a hiPSC-CM sample. Through
this 3D characterization, changes can be monitored in the uniformity of the spacing in the
cardiac tissue as it matures and can be used to determine whether cellular organization
occurs universally or not. By measuring the tissue in a grid of positions and interpreting
the averaged collection of measurements, conclusions about the overall structure of a
tissue are robust, as compared to unreliable conclusions based on a measurement at a
single localized position. This work concludes that, using a 3x3 grid, the myofilament
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spacing of immature hiPSC-CMs has a standard deviation of 0.28 nm, a value that is
significantly less than the standard deviation derived from doing only a single
measurement on each sample, 2.5 nm. The HCM tissue showed similar d-spacing to the
wild-type tissue in its development at Day 9. The myofilament spacing values collected in
this study show change in the subcellular structure of bio-engineered cardiac tissue that
is independent of tissue variability. Knowledge of the developmental differences between
HCM tissue and wild-type tissue could lead to the design of new therapies to reduce the
likelihood of cardiac diseases morbidity in patients.

Conclusion

This work takes advantage of the ability of a high brilliance synchrotron X-ray beam to
encompass a small footprint and thereby collect the signal of a subtle aspect of the
nanostructure of cardiomyocytes with an adequate signal-to-noise ratio in a transmission
geometry. The myofilament spacing of hiPSC-CMs is shown to vary systematically with
maturation time. Robust conclusions (i.e. significant decreases in d-spacing with tissue
maturation) are made possible by improvements in cultivation, sample preparation, SAXS
configuration, and sampling strategy, along with the small X-ray footprint that enables
multiple measurements on a single cell to be averaged resulting in a small intersample
variability. In future studies, the X-ray beam can be focused to an even smaller footprint
than was utilized in this study, offering the possibility to create even more detailed spatial
maps.

Our methods and results point the way for future experiments that characterize the
subcellular nanostructure of hiPSC-CMs. This approach can yield insights into the
relationship between mechanical stress and filament spacing, as well as characterizing
and understanding the role of maturation and anisotropy on cell structure and properties.
All these possibilities are relevant not only to fixed wild type tissue, but also to live and
mutated tissues. Understanding the subcellular structure of matured adult human tissue
and immature cardiomyocytes is the key to unlocking therapies and better systems for
growing bioengineered hiPSC-CMs that can model naturally derived cardiomyocytes.

Materials and Methods

To cultivate and characterize hiPSC-derived cardiomyocytes, hiPSCs from the PGP1
parent line and CRISPR-Cas9 PGP1-edited cells with a heterozygous R403Q+ mutation
in the B-myosin heavy chain (MYH7) are received from the Seidman Lab?8. The cells are
then cultivated using methods described by Javor, et al. (2021).2" The stem cells are
differentiated into cardiomyocytes through small molecule, monolayer-based
manipulation of the Wnt signaling pathway?°.

A previously reported design for cardiac micro-tissue (CMT) devices with tissue wells is
used for the cultivation of the CMTs?6. These devices are equipped with two micropillars
with spherical caps designed to suspend the tissue matrix. The devices are cast in
polydimethylsiloxane using a 3D printed mold (Protolabs, Maple Plain, MN.) The devices
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are then treated using methods described in Javor et al. (2021).2! Post seeding, each
device has roughly 60,000 cells, comprising 90% hiPSC-CMs and 10% normal human
ventricular cardiac fibroblasts (NHCF-V.) The cultivation process continues with methods
described by Javor, et al. (2021).%" Tissues are maintained/matured in an incubator at
37°C and 5% CO2 between 3 and 10 days.

After the chosen maturation time and after biological measurements, the tissue is fixated
using polyformaldehyde. Twenty-four hours before transportation, excess PDMS is
manually removed from the devices using a scalpel with a standardized method, and the
isolated tissue on its PDMS platform is transferred to a new container, washed with PBS,
and placed back in the cold room.

For SAXS measurement, the tissue samples remain stretched on the pillars of the PDMS
platforms and the platforms are placed in custom chambers constructed using a 70um-
thick glass slide and Kapton tape. The tissues are submerged in room temperature PBS
and the Kapton/glass chamber is attached to the SAXS sample holder for diffraction
studies.

Small angle X-ray scattering (SAXS) characterizes structures on the nanometer scale. X-
ray diffraction can be described by Bragg’s law which relates the angle of scattering of X-
rays in a material to the propagation path length difference between diffracting planes,
thus providing an unambiguous measurement of the spacing between planes3-3!. This is
the d-spacing of a lattice. Small features in reciprocal space relate to large scale features
in real space. To characterize structures in the nanometer range, a very small scattering
angle is needed, requiring specialized geometry. While commonly used for crystalline
samples to infer the dimensions of a lattice structure of a material, SAXS can also be
used to detect semi-crystalline structures in otherwise amorphous samples?’.

Data acquisition

These studies employed either 14 keV (A=0.0885 nm) (group 1 and 3) or 12 keV
(A=0.1033 nm) (group 2) X-rays. The detector used was a Pilatus3 X 1M and the sample-
to-detector distance was 7.0 m. The flux was 1 x 102 ph/s, the sample rate was 50Hz,
and exposure times of 0.09s (group 1 and 3) or 1s (group 2) were used. The footprint of
the X-ray beam on the tissue was 20 um x 200 um (vertical x horizontal, respectively.)
These parameters resulted in a radiation dosage of 7.6 KGy (group 1 and 3) and 72 KGy
(group 2.) In both cases, the dose was well within the bounds of maximum allowable
dosage determined in previous studies??. Background data was collected by sampling
from sections near the tissue, but where there is only PBS in the chamber. For multiple
measurements of the same tissue, a single background sample was collected.

SAXS measurements were collected using various experimental methods. For the fixed
tissue tests of group 1, three measurements were made down a column (i.e., transverse
to the long axis of the tissue), and for group 2, nine measurements were taken on a 3x3
rectangular grid with a horizontal and lateral spacing of 100 pum.

The 2D diffraction pattern obtained from the Pilatus detector was azimuthally integrated
using pyFAl, a Python library for fast azimuthal integration3?. Before azimuthal integration,
the image is masked and filtered, eliminating outliers resulting from dead pixels, cosmic
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ray strikes, blank detector regions, and other artifacts. The collected background is also
subtracted before integration. After integration, the data is transformed into a Kratky plot,
which plots Q?l vs Q, to deemphasize the 1/Q? dependence of a featureless signal. The
Kratky plot makes it possible to see the peak that reflects the d-spacing of the
myofilaments in the tissue.

The scattering of X-rays from planes of myosin and actin depends on the differing electron
density in these planes and provides a direct measure of the myo-actin lattice order and
spacing in the volume interrogated. The SAXS scattering peak for the myofilament
spacing will be approximately a wavenumber of g = 0.145 nm-', associated with a 43 nm
real space lattice dimension?'?2. To infer the position in g-space of the myofilament
scattering peak, a linear regression was made further out from this signal where g > 0.3
nm-'. Any signal from this region is due to noise or background and is not associated with
the peak of interest. The linear regression was then subtracted from the signal. The
myofilament scattering signal is assumed to have a normal distribution, therefore, the
data is analyzed using a nonlinear fitting algorithm to determine the optimum Gaussian-
function parameters. The model for the Gaussian fit provides information about the peak
intensity, peak location, and full width at half maximum (FWHM.) A typical FWHM in a
measurement of cardiomyocytes is about 0.01 nm-'. The location of the Gaussian peaks
indicates the wavenumber associated with the mean spacing of the cardiomyocyte in the
measured area. This spacing data is collected and imported for plotting in Microsoft Excel.
MATLAB is used for ANOVA analysis to test for statistical significance, and the colormap
function is used to create 2D interpolated colormaps of the spacing of the myofilament
lattice as a function of position on the tissue.
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